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Dynamics of bacterial community succession in a
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niche partitioning
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The mechanisms underlying community assembly and promoting temporal succession are often
overlooked in microbial ecology. Here, we studied an undisturbed salt marsh chronosequence,
spanning over a century of ecosystem development, to understand bacterial succession in soil.
We used 16S rRNA gene-based quantitative PCR to determine bacterial abundance and multitag 454
pyrosequencing for community composition and diversity analyses. Despite 10-fold lower 16S rRNA
gene abundances, the initial stages of soil development held higher phylogenetic diversities than
the soil at late succession. Temporal variations in phylogenetic b-diversity were greater at initial
stages of soil development, possibly as a result of the great dynamism imposed by the daily
influence of the tide, promoting high immigration rates. Allogenic succession of bacterial
communities was mostly driven by shifts in the soil physical structure, as well as variations in pH
and salinity, which collectively explained 84.5% of the variation concerning community assemblage.
The community assembly data for each successional stage were integrated into a network
co-occurrence analysis, revealing higher complexity at initial stages, coinciding with great
dynamism in turnover and environmental variability. Contrary to a spatial niche-based perspective
of bacterial community assembly, we suggest temporal niche partitioning as the dominant
mechanism of assembly (promoting more phylotype co-occurrence) in the initial stages of
succession, where continuous environmental change results in the existence of multiple niches
over short periods of time.
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Introduction
Understanding the factors that modulate the spatio-
temporal changes in the composition of commu-
nities along environmental gradients is a central
theme in ecology (Tilman, 1988; Grime, 2001; Van
der Maarel, 2004). Macro-ecologists have a long
history of research on temporal dynamics of
community composition in animals and plants
(Preston, 1960; Johnson, 1979; Ives et al., 2003),
resulting in an integrated set of concepts that are
used for the modelling of such communities. In
particular, studies on the long-term changes in
macro-organismal diversity have been instrumental
in helping ecologists to establish a framework to
understand and model successional dynamics
(Lockwood et al., 1997; Chase, 2003). For such
studies, the use of chronosequences, which
assume a space-for-time substitution, despite a few
criticisms (for a review see Johnson and Miyanishi,
2008), has offered unique opportunities to investi-
gate soil macro-community development across
multiple time scales, in some cases spanning over
hundreds of years of (ordered) temporal changes
(Bormann and Sidle, 1990; Breen and Le´vesque,
2006; reviewed in detail by Walker et al., 2010).
The few studies that so far have assessed the
successional patterns of microbial communities
along environmental chronosequences have focused
on receding glacier forelands (Sigler and Zeyer,
2002; Nicol et al., 2005; Deiglmayr et al., 2006;
Nemergut et al., 2007; Schmidt et al., 2008; Schu¨tte
et al., 2009; Wu et al., 2012), abandoned agricultural
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fields (Elhottova´ et al., 2002; Kuramae et al., 2010)
and post-mining areas (Hu¨ttl and Weber, 2001;
Kozdro´j and van Elsas, 2001). As an extension from
what we know on successional dynamics of com-
munities of larger organisms, we would expect
microbial succession trajectories to present a con-
tinuing time series determined by orderly changes
in environmental parameters, towards an increase
of biological diversity and complexity (as observed
for plant succession, Walker and del Moral, 2003).
However, the aforementioned studies focusing
on microbial communities have shown contradic-
tory results. For instance, it is unclear whether
or not microbes obey the conceptual framework
observed for plants. Although a few studies
have reported an increase of species richness and
diversity towards succession (Nemergut et al.,
2007), others have described the opposite pattern
(Sigler and Zeyer, 2002; Hodkinson et al., 2003).
Moreover, it is uncertain whether microbial
‘climax’ communities (sensu Clements (1916))
actually exist, rendering any end point of succession
somewhat arbitrary (Fierer et al., 2010). Defining an
appropriate time frame for examining succession
is exceedingly difficult, as different parameters may
act at different time scales and incidental
disturbances can strongly alter any pattern of
successional change (Chapin et al., 1994; Turner
et al., 1998). Studies that examined temporal
variability in soil microbial communities have
indicated that the local microbiota can vary at the
daily (Zhang et al., 2011), seasonal (Schadt et al.,
2003; Lipson, 2007) and/or yearly scale (Salles et al.,
2006; DeBruyn et al., 2011). Therefore, different
time frames must be tested and adjusted to
local environmental conditions in order to
properly assess and predict bacterial assemblages
and community trajectories along successional
chronosequences.
The eastern North Sea front of the barrier island of
Schiermonnikoog, The Netherlands, constitutes
a well-documented and undisturbed salt marsh
ecosystem, which spans over 100 years of succession
(Olff et al., 1997). This ecosystem has served as a
model to investigate the dynamics of the local food
webs and ecosystem functioning and maintenance
for more than a decade. In these studies, the effect of
the interplay between below- and aboveground
communities (providing different types of ecological
and biogeochemical processes) on ecosystem build-
up and development was raised as a key issue (Olff
et al., 1997; Schrama et al., 2012). The assembly of
communities of higher organisms over time was
described as an intricate interplay of green and
brown food webs, resulting in an initially marine
(brown; microbially/chemically based) driven
system to a mainly terrestrial (green; plant based)
one later (Schrama et al., 2012). Also, the occurrence
of microbial mats at primary sites was shown to
have an important role in coastal protection and
morphodynamics through sediment stabilization
and the initiation of salt marsh development
(Bolhuis and Stal, 2011).
In the current study, we aim at understand-
ing what drives the dynamics of soil bacterial
communities along the salt marsh chronosequence.
We hypothesized that such drivers are different
across the stages of the chronosequence. Specifi-
cally, we focused on three main ecological aspects:
(i) the relationship between abiotic factors and
bacterial community assemblages (defined from
now on as abiotically driven or, in macro-
ecology terms, allogenic succession),
(ii) temporal variations in bacterial phylogenetic
b-diversity and
(iii) co-occurrence of bacterial types, as assessed by
network analysis of the communities from each
stage of the chronosequence.
As a specific hypothesis, we expected abiotics
(allogenic succession) to have the main role in
shaping the bacterial communities along the
chronosequence. Greater variation in environmental
conditions might have added a temporal component
to this driving force at initial succession as a result
of the influence of the tide. Moreover, we expected
the level of phylotype co-occurrence to gradually
increase over successional time, as imposed by
spatially explicit niche distribution, as the multi-
plicity of nutrients and local conditions is expected
to be raised in the soils at late succession owing to
the higher soil organic matter (OM) levels, as well as
the elevated plant diversity and productivity.
Materials and methods
Study site and sample collection
The island of Schiermonnikoog is located at N531300
E61100 and presents a well-documented salt marsh
chronosequence, which spans more than 100 years
of succession (Olff et al., 1997). Salt marsh age at
each stage of succession was estimated from topo-
graphic maps, aerial photographs and the thickness
of the sediment layer accumulating on top of the
underlying sand layer (Olff et al., 1997; Schrama
et al., 2012). In addition, permanent plots have
monitored the space-for-time replacement of this
succession in different successional stages for more
than 20 years (Van Wijnen et al., 1997). For this
study, five successional stages were identified,
estimated as 0, 5, 35, 65 and 105 years of soil
development (referred from now on as ‘years’) in
2012 (Supplementary Figure S1). In each succes-
sional stage, triplicate 5 5 m2 plots, separated from
each other by 25 m, were established at the same
base of elevation (position at the initial elevation
gradient on the bare sand flats with a base elevation
of 1.16 m±2.2 cm (mean±s.e.) above Dutch
ordinance level). Differences in base elevations will
have different inundation regimes, and will
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therefore differentially influence the fate of succes-
sion (Olff et al., 1997). As succession expands, the
vegetation traps sediments carried by continuous
cycles of inundation/recession and increases the
elevation of the soil surface with B16 cm of clay in
addition to the base elevation over 100 years
(Schrama et al., 2012).
Sampling was performed in all sites at four time
points: May, July, September and November 2012
(Supplementary Figure S1). For each triplicate plot,
20 soil cores (5 cm diameter 10 cm depth) were
taken using sterile techniques to represent a compo-
site sample. Each sample was placed in a sterile
plastic bag, which was sealed and transported to the
laboratory (o24 h). All samples were sieved (4 mm
mesh size) and stored at  20 1C for DNA extraction
and at 4 1C for physicochemical measurements. For
chemical measurements, soil samples were air-dried
and sieved through a 100-mesh sieve for determina-
tion of total OM, nitrate (N-NO3
 ), ammonium
(N-NH4
þ ), sulphate (S-SO4), sodium (Na) and pH
(Supplementary Table S1). Physical (clay:silt:sand
%content) and chemical analyses were carried out
in collaboration with the Laboratory of Soil Analysis
at ‘Luiz de Queiroz’ College of Agriculture (Depart-
ment of Soil Sciences, ESALQ/USP, Piracicaba,
Brazil) according to the methodology described by
Van Raij et al. (2001). For soil N-NH4
þ and N-NO3

concentrations, the values were determined after
extraction of 10 g of soil in 50 ml of 2 M KCl,
according to the methodology described by Keeney
and Nelson (1982).
Total DNA extraction and quantification of the
bacterial 16S rRNA gene
A total of 60 composite soil samples (five succes-
sional stages four temporal sampling triplicate)
were subjected to total DNA extraction using 0.5 g of
initial material using a MoBio PowerSoil DNA
extraction kit (MoBio Laboratories, Carlsbad, CA,
USA) following the manufacturer’s instructions,
except for the addition of glass beads (diameter
0.1 mm; 0.25 g) to the soil slurries and three cycles of
bead beating (mini-bead beater, BioSpec Products,
Bartlesville, OK, USA) for 60 s. Extracted DNA was
further quantified using the PicoGreen double-
stranded DNA assay (Invitrogen, Carlsbad, CA,
USA). Quantitative PCR was used to estimate the
number of 16S rRNA gene copies per gram of dry-
weight soil in each sample. Quantifications were
carried out twice for each soil replicate in 25 ml
reactions containing 12.5 ml Power SYBR Green PCR
Master Mix (Applied Biosystems, Frankfurt, Germany),
0.5 ml 20 mg ml 1 bovine serum albumin (Roche
Diagnostics GmbH, Mannheim, Germany), 2ml of
each 10 mM primer (FP16S 50-GGT AGT CYA YGC
MST AAA CG-30 and RP16S 50-GAC ARC CAT GCA
SCA CCT G-30) targeting regions V5-V6 of the
bacterial 16S rRNA gene (Bach et al., 2002) and
10 ng sample DNA, obtaining fragments of 263 bp.
The thermal cycler protocol was 95 1C for 10 min, 40
cycles of 95 1C for 27 s, 62 1C for 1 min, 72 1C for 30 s,
on the ABI Prism 7300 Cycler (Applied Biosystems).
The specificity of the amplification products was
confirmed by melting curve analysis, and the
expected size of the amplified fragment was checked
in a 1.5% agarose gel. A standard curve was
generated over six orders of magnitude from 103 to
108 copies of template per essay (r2¼ 0.99) using a
plasmid containing cloned 16S rRNA gene from
Serratia plymuthica. The quantitative PCR effi-
ciency (E) was calculated according to the equation
E¼ [10( 1/slope) 1]. Possible inhibitory effects of co-
extracted humid compounds were checked by
spiking samples with a range of known concentra-
tions of the plasmid. No apparent inhibition was
observed. Data are shown as log copy numbers per
gram of dry-weight soil.
Multitag pyrosequencing of partial 16S rRNA gene
Twenty-five ml PCR reactions were performed in
duplicate and pooled to minimize PCR bias using
0.25ml 5 Uml 1 FastStart High Fidelity Taq DNA
Polymerase, 2.5ml 10 FastStart High Fidelity
reaction buffer without MgCl2, 2.3ml 25 mM MgCl2
stock solution, 0.5ml 10 mM PCR nucleotide mix,
0.25ml 20 mg ml1 bovine serum albumin (Roche
Diagnostics GmbH), 0.5ml of each 10mM primer and
10 ng sample DNA. The thermal cycling protocol was
95 1C for 5 min, 30 cycles of 95 1C for 40 s, 56 1C for
45 s, 72 1C for 40 s and a final 10-min extension at
72 1C. We used the primer set 515f/1061r that targets
regions V4-V6 of the 16S rRNA bacterial gene, which
yields accurate phylogenetic information (Liu et al.,
2007) and should have few biases against any
bacterial taxa (Bates et al., 2011). All amplicons were
run in an agarose gel 1% (w/v) and bands containing
exact sizes were excised from the gel and purified
using the QIAquick Gel Extraction kit (QIAGEN
GmbH, Hilden, Germany). Purified amplicons from
each duplicate reaction were pooled together, and
further quantified using the PicoGreen dsDNA assay
(Invitrogen). Amplicons from all samples were
pooled in equimolar concentrations into two compo-
site samples containing 30 samples each, and were
sequenced at Beckman Coulter Genomics (Danvers,
MA, USA) on a Roche GS-FLX 454 automated
pyrosequencer running the titanium chemistry.
Sequence processing and co-occurrence analysis
Pyrosequencing raw data were demultiplexed and
processed using the Quantitative Insights Into
Microbial Ecology toolkit (Caporaso et al., 2010b).
In brief, 16S rRNA bacterial partial sequences were
quality trimmed using the following parameters:
quality score 425, sequence length 4300 and
o900, maximum length of homopolymer of 6, 0
maximum ambiguous bases and 0 mismatched bases
in the primer. Data were denoised using Denoiser
(Reeder and Knight, 2010). The quality reads were
then binned into operational taxonomic units
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(OTUs) at 97% sequence identity using UCLUST
(Edgar, 2010) followed by selection of a representa-
tive sequence. Chimeric sequences were identified
using ChimeraSlayer (Haas et al., 2011) and
removed. A representative sequence for each phy-
lotype was aligned against the Greengenes coreset
(DeSantis et al., 2006) using PyNAST (Caporaso
et al., 2010a), with sequences classified using the
Greengenes taxonomy via RDP classifier (Wang
et al., 2007). The alignment was filtered to remove
common gaps and a phylogenetic tree was con-
structed de novo using FastTree (Price et al., 2009).
For all OTU-based analyses, the original OTU table
was rarified to a depth of 2600 sequences per sample
(the fewest in a single sample) to minimize effects of
sampling effort on the analysis. The Quantitative
Insights Into Microbial Ecology toolkit was also used
to generate weighted/unweighted UniFrac distance
matrices (Lozupone et al., 2006) and a-diversity
metrics, including OTU richness (unique OTUs),
ChaoI richness estimation, Shannon’s and Faith’s
phylogenetic diversity indices. All sequencing data
have been deposited in the MG-RAST database
(http://www.metagenomics.anl.gov/).
Non-random co-occurrence analyses were per-
formed using SparCC, a tool capable of estimating
correlation values from compositional data
(Friedman and Alm, 2012). In brief, quality reads
were clustered at 97% sequence identity (UCLUST,
Edgar, 2010) and the 500 most abundant OTUs per
stage of succession were retained for analysis. For
each network analysis, P-values were obtained by 99
permutations of random selections of the data table,
subjected to the same analytical pipeline. SparCC
correlations with a magnitude 40.6 or o 0.6 and
statistically significant (Po0.01) were incorporated
into network analyses. The nodes in the recon-
structed networks represent the OTUs at 97%
identity, whereas the edges (that is, connections)
correspond to a strong and significant (positive or
negative) correlation between nodes. In order to
describe the topology of the resulting networks, a set
of measures (that is, number of nodes and edges,
average path length, network diameter, cumulative
degree distribution, clustering coefficient and mod-
ularity; Newman, 2003, 2006) was calculated and
networks were visualized using the interactive
platform Gephi (Bastian et al., 2009).
Data analyses
All measured physicochemical parameters were
checked for normality and further log transformed,
except soil pH, before analyses. To test the influence
of soil physicochemical parameters (environmental
factors) on community structure, forward selection
was used on redundancy analysis to select a
combination of environmental variables that
explained most of the variation observed in the
bacterial 16S rRNA gene matrix. For that, a series of
constrained redundancy analysis permutations was
performed in Canoco (version 4.0 for Windows, PRI
Wageningen, Wageningen, The Netherlands) to
determine which variables best explained the
assemblage’s variation, using manual forward
selection and Monte–Carlo permutations tests
(permutations¼ 999). The ordination in x- and y axis
and the length of the corresponding arrows indicated
the relative importance of the physicochemical factor
explaining the taxon distribution across communities.
To assess the temporal variation in the phylogenetic
b-diversity among different time points within each
stage of succession, we used permutational multi-
variate analysis of variance (PerMANOVA; Clarke
and Gorley, 2006). Permutational multivariate
analysis of variance was performed using sampling
month as the main factor, allowing for full permutation
of the raw data with Monte–Carlo tests accounting for
type III error, where the fixed effects sum to zero with
9999 permutations. Changes in b-diversity within
sites across different sampling time (using May as
the baseline) were calculated as the difference, in
percentage, between the average monthly weighted
UniFrac distances (Lauber et al., 2013).
Results
Site characteristics
The selected sites were sampled four times over a
1-year period. This temporally and spatially explicit
sampling scheme captured a wide range of physical
and chemical gradients in the salt marsh ecosystem
(Supplementary Figure S1 and Supplementary Table
S1). In brief, the initial stages (0 and 5 years) were
characterized by bare sand and bare sand covered with
initial (clay/organic particle) sedimentation, respec-
tively. These two sites revealed low nutrient contents
(OM, N-NH4
þ , N-NO3
 and S-SO4), above-neutral pH
(averages 8.7 and 8.3, respectively) and low salinity
(measured as the concentration of sodium, expressed
in mg dm 3). With progressive succession and sedi-
mentation caused by the dynamics of the tide, the
marsh slowly increases in elevation, revealing a
progressive increase in the level of silt and clay
particles, as well as nutrients. In effect, a sandy soil
progressively turns into a more loamy soil. The
collective effects were found to gradually modify the
physicochemical structure and composition of the salt
marsh. Moreover, the pH was found to decrease to 7.4
at late succession, whereas salinity increased over
time, owing to a cumulative effect, reaching up to
B4000 toB6000 mg dm 3 at late successional stages.
For detailed description of the metadata, see
Supplementary Table S1.
Abundance of bacterial communities along the salt
marsh chronosequence
Quantitative PCR was used to estimate the number
of bacterial 16S rRNA gene copies in all stages of soil
succession over the four sampling times. Reactions
were performed in duplicates for all triplicate plots
in each site, E¼ 102.57% and r2¼ 0.99. Within each
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site, no temporal variations in the bacterial abun-
dances were observed within the year 2012
(P40.05). However, along the chronosequence,
bacterial abundances revealed a small, but signifi-
cant increase from 0 to 5 years (average log values of
9.39–9.95; Po0.001), with B10-fold increases from
5 to 35 years (average log values of 9.95–10.76;
Po0.001); remaining statistically stable thereafter
(Figure 1a and Supplementary Figure S2a). Cubic
regression was then used to describe the bacterial
abundance increments through the course of succes-
sion (P¼ 0.0001, r2¼ 0.988; Figure 1a).
a-Diversity measurements
We determined the community a-diversities across
the successional stages using the pyrosequencing
data based on the V4-V6 regions of the bacterial 16S
rRNA gene. The rarefied 454 pyrosequencing data
set at a depth of 2600 reads per sample were
binned into 11093 different OTUs, of which 2.81%
(encompassing 4389 OTUs) were singletons. On the
basis of these, values for a-diversity, including OTU
richness, ChaoI and Shannon’s indices and Faith’s
phylogenetic diversity, decreased significantly
from the early to the latest stages of succession
(Po0.005), as observed by linear regressions
(Figures 1b–e). Conversely, the OTU richness, ChaoI
and Shannon’s indices did not differ from the initial
successional stage to the soil of up to 65 years
(Supplementary Figures S2b,c and e). Faith’s phy-
logenetic diversity measure showed a progressive
decrease over the course of succession (Po0.05;
Supplementary Figure S2d), indicating an effect of
phylogenetic clustering of the communities along
the chronosequence.
Bacterial community composition
The communities were predominantly (at all stages)
composed of members of the phylum Proteobacteria
(45.9±7.0%; mean±s.d.), followed by Bacteroidetes
P = 0.0001
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Figure 1 Bacterial abundance and a-diversity measurements. (a) Cubic regression of bacterial abundances along the chronosequence, as
indicated by log copy numbers of 16S rRNA gene per gram of dry-weight soil, using quantitative PCR. (b) Linear regression of OTU
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(15.6±7.0%). The relative abundance of Chloroflexi
(9.5±6.0%) increased linearly over the chronose-
quence, from 2.7±0.5% (stage 0) up to 17.9±3.1%
(stage 105). Gemmatimonadetes (2.0±0.7%) also
progressively increased (from 1.5±0.3% at stage 0
up to 2.8±0.5% at stage 105). Conversely, Cyano-
bacteria (1.5±1.5%) and Verrucomicrobia (2.8±1.9%)
showed an opposite pattern (decreasing steadily from
4.2±1.7% and 5.5±1.8% in soil at stage 0 to
0.1±0.1% and 1.3±0.3% in soil at stage 105,
respectively). The abundance of Firmicutes was low,
accounting for 0.6±0.4 of the relative abundance.
Planctomycetes (6.8±1.9%) showed hump-shaped
curves, peaking at intermediate stage (stage 35), reach-
ing up to 9.7±1.1%. Acidobacteria and Actinobacteria
showed non-significant regressions along the chron-
osequence. For the phylum Proteobacteria, we con-
sidered the relative abundance distributions at class
level. Alphaproteobacteria (18.8±3.2%) and Deltapro-
teobacteria (9.0±1.7%) showed a hump-shaped dis-
tribution, peaking at intermediate stage (stage 35:
22.0±3.4% and 12.2±2.0%, respectively). Conversely,
Betaproteobacteria (1.8±0.6%) and Gammaproteobac-
teria (15.9±3.2%) showed the highest abundances at
initial stage (4.5±2.3% and 23.2±5.5%, respectively),
decreasing progressively in later-stage soils (Figure 2c
and Supplementary Figure S3).
Phylogenetic b-diversity
To assess the bacterial phylogenetic b-diversity we
used Unifrac distances, which indicate the extent of
the phylogenetic similarities among the bacterial
communities (Lozupone and Knight, 2005). Princi-
pal coordinates analysis using UniFrac showed clear
clustering of the bacterial communities in different
stages of the chronosequence. Overall, these were
phylogenetically more dissimilar between the suc-
cessional stages than within the sites, irrespective of
time of sampling. Although unweighted Unifrac
principal coordinates analysis (total variation
explained 21.2%) could not distinguish between
clusters obtained for communities in soils at stages
65 and 105 years, weighted UniFrac principal
coordinates analysis (total variation explained
56%) revealed a clearer difference between these
clusters (Figure 2a). In addition, unweighted phylo-
genetic dissimilarities were higher in soils at initial
successional stages (0 and 5 years), as the dots
across triplicates and sampling times were less
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clustered than those observed for other soil stages
(Figure 2a), indicating higher phylogenetic turnover
in species composition at these sites.
Relationship between bacterial community
composition and environmental variables
To identify the potential effect of environmental
factors on the bacterial community composition
across the soils at different successional stages, we
used forward selection on redundancy analysis.
Overall, all measured parameters formed a clear
gradient along the chronosequence (Figure 3).
Despite the highly colinear profiles of the variables,
individual selection of variables revealed, among
the physical parameters measured, clay and sand
content to be the major drivers influencing commu-
nity composition (F¼ 31.24 and F¼ 10.95, respec-
tively, P¼ 0.001). Among the chemical factors, pH
(F¼ 12.40, P¼ 0.001), salinity (F¼ 4.16, P¼ 0.008)
and sulphate content (F¼ 3.41, P¼ 0.017) were
major drivers, whereas other variables (that is, total
N, N-NH4
þ , N-NO3
 and OM) revealed weaker effects
on the bacterial assemblages (Figure 3). Collectively,
we found that the physicochemical environment
significantly explained the patterns of community
composition (total variation explained 84.5%), with
clay content, salinity and pH together accounting for
83.3% of the explained variation. In addition, the
magnitude of individual environmental variables on
taxon distributions was also tested by Spearman
correlations. We found the phyla Verrucomicrobia,
Cyanobacteria, Bacteroidetes, Firmicutes and the
classes Beta- and Gammaproteobacteria to be
strongly correlated with characteristics prevailing
at the initial successional stages (sandy soil under
low salinity and nutrient content), whereas the
phyla Chloroflexi, Gemmatimonadetes, Actinobac-
teria and the classes Alpha- and Deltaproteobacteria
were correlated with factors prevailing at late
succession (Po0.01). Similarly, insignificant corre-
lations were found for the environmental variables
tested versus the phyla Planctomycetes and
Acidobacteria, except for a weak correlation
between Planctomycetes and salinity (Figure 3 and
Supplementary Figure S4).
Temporal variations in phylogenetic b-diversity within
each stage of succession
PerMANOVA analyses of weighted UniFrac dis-
tances revealed significant differences (Po0.001)
among sampling times, which were strongest in
soils of early succession: stage 0 (pseudo-F¼ 2.63,
Po0.0001) and stage 5 (pseudo-F¼ 2.76, Po0.0001).
In contrast, soils of intermediate and late succession
showed no significant changes in community
turnover over time (stage 35 (pseudo-F¼ 1.26,
P¼ 0.1274); stage 105 (pseudo-F¼ 1.25, P¼ 0.2162)).
An exception was observed at stage 65 (pseudo-
F¼ 3.27, P¼ 0.0018). The latter finding could be
ascribed to differences observed in the samples
collected in May, which clustered separately from
the other samples within this site (Supplementary
Figure S5). Different from the initial stages of soil
succession (stages 0 and 5), temporal variation
detected at stage 65 was mostly related to shifts in
the relative OTU abundances, that is, community
evenness rather than phylogenetic turnover in spe-
cies composition, as observed by differences in
weighted and unweighted Unifrac clusters
(Figure 2a). Regarding environmental parameters,
the successional stages 0 and 5 years showed
significant increases in salinity from samples May–
July to September–November (Supplementary Table
S1). Although these increases did not correlate with
the temporal differences detected at stage 0, at
stage 5, the effect of salinity was significant
(F¼ 4.66, P¼ 0.008). At stage 65, the observed
differences were significantly correlated with
changes in the N-NO3
 content (F¼ 5.94, P¼ 0.001).
Consistency in phylotype co-occurrence within sites
throughout the chronosequence
We generated co-occurrence networks individually
for each stage of succession (Figure 4). Following
this, we calculated the topological properties of the
obtained networks to distinguish differences in OTU
correlations over succession. Considering the
number of correlations (including both positive
and negative ones), the highest values were
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Figure 3 Redundancy analysis of the effect of soil parameters
(environmental factors; dark arrow) on bacterial taxonomic
distribution (grey arrows). Taxonomic information is shown at
the phylum level, except for the phylum Proteobacteria,
at the class level. Numbers in brackets indicate the percentage
of the total variance explained by the axis. Physicochemical
parameters with significant effects are shown as *Po0.05,
**Po0.01 and ***P¼0.001 (999 times Monte–Carlo permuta-
tion test). Only taxa above 0.5% at total average abundance
are shown.
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observed in the communities from soil at the initial
stages (0 and 5 years), whereas the lowest value was
observed at stage 35. Stage 0 presented the highest
node connectivity (that is, average degree of 2.919).
The average network distance between all pairs of
nodes was variable all over the chronosequence
(that is, average path length ranging from 1.663
edges at the stage 35 up to 2.425 edges at stage 5).
The diameters of the networks (that is, the longest
distance) followed a similar trend, peaking at stage 5
(reaching a diameter of 6 edges) and presenting the
lowest value at stage 35 (3 edges). Overall compar-
ison of the network topologies showed initially
complex networks (stages 0 and 5), with approxi-
mately twofold higher correlations than networks at
intermediate (stage 35) and late successional stages
(stages 65 and 105; Figure 4 and Table 1).
Discussion
A comprehensive assessment of bacterial community
succession along a salt marsh chronosequence
Macro-ecologists have recently debated how chron-
osequences of land development can be of use to
understand historical ecological successions (see
Walker et al., 2010), and the importance of studying
low-disturbance sites has been brought forward. In
this context, we focused on the diversity and
composition of bacterial assemblages along an undis-
turbed salt marsh gradient, containing soils spanning
more than 100 years of ecosystem development. This
ecosystem offers a unique dynamic landscape to
investigate the patterns of microbial community
succession. This salt marsh chronosequence is initi-
ally characterized by a marine coastal (brown) food
web under daily marine/tide influence that develops
towards a terrestrial (green) food web. Although
several earlier studies investigated microbial commu-
nity successions along environmental chronose-
quences (Nemergut et al., 2007; Brankatschk et al.,
2011), the processes leading to the observed patterns
have hardly been addressed, mostly because of a
lack of comprehensive measurement of ecosystem
variables and repeatable trajectories. We bypassed
these drawbacks by studying a long-term salt marsh
gradient, the permanent experimental plots of which
have been monitored for over 20 years (Van Wijnen
et al., 1997), and by gathering a large data set of
biological, chemical and physical parameters.
In previous studies (Horner-Devine et al., 2004;
Co´rdova-Kreylos et al., 2011), salt marsh inhabiting
bacterial communities were described at deep
sequencing resolution (Bowen et al., 2012) and at
continental scales (Martiny et al., 2011). Moreover,
their response to external nutrients has been
recorded (Bowen et al., 2009). These communities
were postulated to serve critical functions, such as
protection of the coast from human influences
(Valiela and Cole, 2002) and carrying out key
geochemical processes responsible for ecosystem
functioning (Lage et al., 2010). Also, as indicated by
Lozupone and Knight (2007), the phylogenetic
diversity of these communities even transcended
that of other species-rich environments such as
soils. Indeed, our current data reveal that all stages
of succession had high levels of bacterial phyloge-
netic diversity and species richness. Regarding the
total bacterial abundances, we observed that soils at
intermediate and late stages of the salt marsh
chronosequence presented even higher levels than
those described in agricultural soils in the Nether-
lands (Pereira e Silva et al., 2012). Strikingly, we
observed that the bacterial communities found at the
initial successional stage, characterized by bare and
infertile sandy soils, had higher phylogenetic diver-
sity than those found at intermediate and later stages
of soil succession (presenting higher OM, plant
diversity and abundance), despite their relatively
low bacterial abundance. Phylogenetic diversity has
been suggested as a powerful proxy for assessing the
role of diversity in ecosystem functioning, as it takes
into account (phylogenetically linked) ecological
differences between species (Srivastava et al., 2012).
Alphaproteobacteria Betaproteobacteria GammaproteobacteriaDeltaproteobacteria Bacteroidetes Planctomycetes Actinobacteria Acidobacteria
Verrucomicrobia Chloroflexi Cyanobacteria Firmicutes Gemmatimonadetes Others
0 year 5 years 35 years 65 years 105 years
Figure 4 Network co-occurrence analysis of bacterial communities along succession. Each dot represents a bacterial phylotype (an OTU
clustered at 97%). A connection stands for SparCC correlation with a magnitude 40.6 (positive correlation—blue edges) or o 0.6
(negative correlation—red edges) and statistically significant (Po0.01). The size of each node is proportional to the number of connections
(that is, degree). Each node was labelled at the phylum level, except for the phylum Proteobacteria, shown at the class level.
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Thus, if we consider that bacterial traits show
phylogenetic signals, these results can be used as a
proxy of the functional trait space of a community.
The high complexity of the bacterial communities
present in the initial stages of salt marsh develop-
ment, as indicated by the high Faith’s phylogenetic
diversity, could be explained by the intrinsically
high and stochastic microbial influx owing to
marine input, incited by the tidal regime (that is,
high immigration rates) followed by establishment
and persistence, if only at levels of low activity. In
this sense, the initial stages of salt marsh develop-
ment are naturally and regularly subjected to
invasion by (and establishment of) diverse marine
bacteria. This constant input of different micro-
organisms, followed by differential establishment, is
likely to be at the basis of the observed diversity. The
high degree of dissimilarity between the commu-
nities from 0 and 5 years of succession, both
subjected to flooding twice daily, and the lower
temporal variability observed at later stages of
succession, support this contention. In addition to
the high rates of microbial influx, the observed
patterns in community composition at the beginning
of the chronosequence might also lie in partial
colonization by microbial mats, of which the
occurrence and distribution is unpredictable
throughout the year. Although microbial mats have
key roles in initial ecosystem development, enrich-
ing the system with organic carbon and other
compounds, it has been suggested that the local
conditions (frequent wet/dry cycles, input of diverse
nutrient sources, colonization by diverse organisms,
including primary producers) may incite a high
degree of temporal variability, resulting in mat
occurrence and composition being erratic over time
(Bolhuis and Stal, 2011). Moreover, when examining
the composition of these microbial mats, Bolhuis
and Stal (2011) found a relatively high bacterial
diversity within the mats, even among mats along a
spatial transect. Although microbial mat structures
were not the main focus of this study, we observed
that autotrophic bacteria (mostly Cyanobacteria)
exhibited higher occurrence in soils from initial
succession (0 and 5 years), exceeding the values
observed at later stages. This phylum encompassed
mostly the orders Nostocales, Stigonematales, Oscil-
latoriales and Chroococcales, in agreement with the
groups commonly found in microbial mats, as
previously reported (Bolhuis and Stal, 2011).
Integrating bacterial communities into the study of
ecological succession
Succession in a particular environment assumes, by
definition, that communities change over time in an
orderly manner (Begon et al., 1996; Brown and
Lomolino, 1998). Although macro-ecologists have
been shifting away from the standardized description
of vegetation patterns to focus on processes under-
pinning such patterns and community dynamics (that
is, moisture-nutrient gradients, dispersion and ecolo-
gical interactions among individuals, such as compe-
tition, predation and facilitation), microbial ecologists
still lack a well-established and suitable framework to
properly include microbes into the studies of succes-
sion (Fierer et al., 2010). In this context, our results
contribute to the better understanding of the patterns
of bacterial succession by, for instance, showing that
certain phyla, such as Verrucomicrobia, Chloroflexi
and Cyanobacteria, had clear trends along the
Table 1 Topological properties of networks obtained within each stage of succession
Network metrics Stage of succession (in years)
0 5 35 65 105
Number of nodesa 135 155 72 108 101
Total number of edgesb 394 379 136 156 176
Number of positive correlationsc 218 221 78 93 112
Number of negative correlationsd 176 158 58 63 64
Average path lengthe 1.99 2.425 1.663 2.14 2.232
Network diameterf 5 6 3 5 5
Average clustering coefficientg 0.164 0.131 0.127 0.06 0.103
Modularityh 3.794 2.635 1.652 2.302 1.636
Average degreei 2.919 2.445 1.889 1.444 1.743
All properties were measured using the interactive platform Gephi (Bastian et al., 2009).
aNumber of OTUs with at least one correlation 40.6 or o0.6 and statistically significant (Po0.01).
bNumber of connections; number of strong and significant correlations between nodes.
cCorrelation magnitude 40.6 (Po0.01).
dCorrelation magnitude o 0.6 (Po0.01).
eAverage network distance between all pairs of nodes. It indicates the number of steps one needs to make on average in the graph in order to
connect two randomly selected nodes (Newman, 2003).
fThe longest distance between the nodes that exists in the network (measured in edges; Newman, 2003).
gHow nodes are embedded in their neighbourhood, and thus the degree to which they tend to cluster together.
hModularity 40.4 indicates that the partition produced by the modularity algorithm can be used to detect distinct communities within the
network. It indicates that there are nodes in the network that are more densely connected between each other than with the rest of the network
and that their density is noticeably higher than the graph’s average (Newman, 2006).
iNode connectivity; shows how many connections (on average) each node has to another unique node in the network.
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gradient. Moreover, the relative abundance of some
bacterial groups was highly correlated with the
reigning environmental parameters. For instance,
Cyanobacteria and Verrucomicrobia responded to
higher levels of sand and pH, whereas Chlorofexi
and Alphaproteobacteria were positively correlated
with nitrogen concentrations and OM depositions.
Together, these findings suggest a high ecological
coherence of certain bacterial groups even at a high
taxonomic ranks (as previously reported, Philippot
et al., 2010), ultimately elucidating the eco-evolu-
tionary trajectory of bacterial assemblages along the
chronosequence.
Temporal variation in phylogenetic b-diversity
(that is, phylogenetic turnover), a crucial aspect of
microbial communities that is often overlooked, can
be elucidated by using a succession framework.
Here, we provide evidence for an intricate bacterial
phylogenetic turnover pattern, which was higher in
the initial stages of succession (0 and 5 years, higher
turnover in species composition), confirming our
hypothesis. The high variations in phylogenetic
b-diversity found at these stages could be explained
by the temporal variability in nutrients as well as
immigration (mostly because of external marine
nutrient and microbial input, respectively), and a
higher amplitude of variation in environmental
conditions (for example, salinity, oxygen and tem-
perature) at poorly vegetated sites. As succession
proceeds, the buffering effects of soil as well as
plants became more dominant, possibly reducing
the amplitudes of variation and resulting in lowered
phylogenetic turnover. In this context, it is sug-
gested that the bacterial communities at the late
stage of succession reached the steady-state ‘climax’
stage in which communities are in equilibrium with
the local environment. In fact, owing to the intrinsic
nature of salt marshes, such a state is not to be
regarded as completely static. We thus observed a
temporal effect at stage 65, due to shifts in relative
abundance, which were correlated with the N-NO3

content in the samples collected in May. This stage
is also characterized by a peak in plant diversity
(Schrama et al., 2012), suggesting a possible role of
plant phenology in regulating the observed varia-
tion. Remarkably, the ‘diversity begets diversity’
theorem (Whittaker, 1972), which assumes that a
community develops towards species complexity, is
not true in this case. In fact, here we present an
alternative, where such a ‘climax’ state can be
composed of a phylogenetically less diverse com-
munity than that observed at primary succession
(Figure 1d and Supplementary Figure S2d), with a
progressive clustering over time.
Understanding microbial community succession—an
interwoven web of biotic and abiotic variables
Linking population dynamics to environmental
conditions is crucial to address how the edges of
population ranges are delineated (Holt et al., 2005).
This linkage may provide insights into how abiotic
variables influence the composition and distribu-
tion of taxa along gradients (that is, allogenic
processes), apart from neutral processes (see Chase
(2003); Ferrenberg et al. (2013)). In this study, we
supply data concerning taxon distributions across
our system. Major roles are ascribed to the physical
structure (clay and sand content), salinity and pH as
the drivers of the observed distribution. Soil pH has
been recognized as a strong factor shaping bacterial
taxon distributions (Fierer and Jackson, 2006;
Lauber et al., 2009), whereas salinity (Lozupone
and Knight, 2007; Wang et al., 2011) and soil
structure (Pereira e Silva et al., 2012; Lauber et al.,
2013) are also known to have important roles. These
findings corroborate our initial hypothesis that, in
fact, the differential distribution of abiotic drivers
along the chronosequence has major roles in
bacterial community establishment and succession.
In addition to be driven by abiotic parameters,
succession of microbial communities is thought to
be partially autogenic (Archer et al., 1988; Walker
and del Moral, 2003), indicating that the interwo-
venness of populations within a community can
alter the physical and chemical characteristics of the
surroundings. This possibly affects secondary colo-
nizing species through competition for nutrients,
antagonism or facilitation. Such a process occurs in
microbial mats (Schu¨tte et al., 2009), where nitrogen
fixed by Cyanobacteria introduces ammonia into the
system, creating favourable conditions for other
organisms to grow. Thus, this is possibly extendible
to other ecological interpretations concerning niche
occupancy and functional interdependencies within
a community. Despite the importance of biotic
interactions at initial stages of salt marsh develop-
ment (Bolhuis and Stal, 2011), we found no
evidence that would suggest biotically-driven com-
munity succession played a role. Specifically, the
comparison of network topologies between closely-
related sites along the chronosequence revealed no
clear pattern of modules evolving over time. The
latter could have indicated co-occurrence due to
interactions between bacterial species, as similar
species patterns would have arisen under different
environmental filters. Biotically-driven succession
has been suggested as a transitory mechanism by
which communities are structured at small time
scales. This was proposed for bacterioplankton
community assembly in lakes, where slight shifts
in environmental variables inhibit particular mod-
ules from evolving through time, even over short
time frames (Eiler et al., 2012).
Phylotype co-occurrence and niche partitioning
Network topology allows us to focus on the patterns
of relations within a given ecosystem, and might
provide evidence of how these patterns affect
ecosystem properties (Cumming et al., 2010). For
instance, it has been shown that the complexity of
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ecological networks increases along successional
gradients, leading to greater stability of the food
web, which is explained by the strength of the
interactions between predator and prey (Neutel
et al., 2007). In co-occurrence networks, the pre-
sence and distribution of modules within a network
serve as proxies for the study of niche partitioning
and synergistic relationships (Chaffron et al., 2010;
Barbera´n et al., 2012). Thus, during ecological
successions, an increase in productivity is expected
to promote community complexity, which should be
translated into networks with higher numbers of
modules characterized by well-connected groups of
nodes. However, we observed the opposite pattern,
that is, a decrease in network complexity, as
indicated by a reduction in network edges, towards
the intermediate and later stages of succession. On
the basis of these results, we propose that temporal
variability in community composition is likely to be
the major mechanism underpinning the observed
configurations. This is based on the observations
that the communities presenting higher phylotype
co-occurrence were those in which we detected
temporal turnover in phylogenetic species composi-
tion (stages 0 and 5; Figure 4 and Table 1). In this
context, we posit that strong environmental
dynamics associated with the tidal regime at initial
succession generates daily fluctuations in oxygen,
temperature and water saturation/salinity, leading to
temporally-driven niche partitioning, which, com-
bined with high immigration as well as persistence
(colonization) rates, may elicit high phylotype
coexistence. These complex and phylogenetically
divergent bacterial communities were, in turn,
fuelled by the constant flow of nutrients of marine
origin. Thus, temporal niche partitioning, a well-
known process in macro-ecology, represents a
plausible mechanism that promotes phylotype coex-
istence in the complex bacterial communities in the
early successional stage samples. Efforts in recon-
structing community networks by aggregating tem-
poral effects, different localities and environmental
gradients, have been currently suggested as a
sophisticated way to study the progression of
communities in natural systems (Poisot et al.,
2012). By tracking the network dynamics along an
environmental chronosequence, we challenge our
initial hypothesis by showing that the spatial niche
distribution, expected to be higher in soils at late
than initial succession, is not an overwhelming
mechanism promoting phylotype coexistence. In
fact, we suggest the great dynamism in environ-
mental conditions observed at the initial stage of salt
marsh succession to be the main mechanism
promoting the emergence of multiple niches over
short periods of time (that is, temporal niche
partitioning). Thus, temporal partitioning at the early
stages is hypothesized to incite elevated levels of
phylotype coexistence, outpacing even the degree to
which spatial partitioning acts. The latter is likely to
have been dominant at the later successional stages.
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